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The development of fluorescent proteins as molecular tags over the past decade has spurred a revolution by allowing complex biochemical processes to be correlated with the functioning of proteins in living cells. Fluorescent proteins such as green fluorescent protein (GFP) from the jellyfish Aequorea victoria (Fig. 1, A and B) and its variants can be fused to virtually any protein of interest to analyze protein geography, movement, and chemistry in living cells. As such, they have provided an important new approach for understanding protein function, filling an urgent need now that the genome sequence of many organisms is complete. The fluorescent proteins have been used as tools in numerous applications, including as minimally invasive markers to track and quantify individual or multiple protein species [reviewed in (1) ], as probes to monitor protein-protein interactions [reviewed in (2) (3) (4) ], as photo-modulatable proteins to highlight and follow the fate of specific protein populations within a cell (5-7), and as biosensors to describe biological events and signals (3, 4) . Results from these applications are providing profound new insights into protein function and cellular processes in the complex environment of the cell. Here, we trace the development of GFP and other intrinsically fluorescent proteins and discuss the kinetic microscopy methods of photobleaching and photoactivation used to monitor the appearance, location, movement, and degradation of proteins in living cells.
Development of GFP and Other Fluorescent Molecules as Protein Tags
GFP was first discovered as a companion protein to aequorin, the chemiluminescent protein from A. victoria. Upon purification to homogeneity from the jellyfish, GFP by itself was found to fluoresce under excitation, requiring no substrates or coenzymes (2) (Fig. 1, A and B). After cloning of the GFP gene (8) , expression in nonjellyfish organisms yielded a functional fluorescent protein (9) . These breakthrough discoveries indicated that the gene for GFP contained all of the information necessary for proper synthesis of the fluorophore.
Mutagenesis studies of GFP yielded variants with improved folding and expression properties that stimulated GFP's widespread use as a fluorescent protein tag. A single amino acid substitution, Ser 65 3 Thr 65 (S65T), was found to accelerate the speed of fluorophore formation (from a time constant of 2 hours to 0.45 hour) (10) , and several mutations located throughout the protein were found to help the molecule fold correctly at 37°C (2). The protein expression was improved by converting wild-type GFP (wt-GFP) codons to forms more efficiently used by the organisms of interest (2) (11) . Finally, the major and minor absorbance peaks of wtGFP (Fig. 1C , blue open circles) were converted to a single absorbance peak at ϳ489 nm (blue squares) by substitution of the serine at the 65 position with a threonine, alanine, glycine, cysteine, or leucine (10, 12) . This produced brighter molecules that retained a wild-type-like fluorescence (green spectra in Fig. 1C ) (13) .
These improved characteristics are combined in the GFP variant known as enhanced GFP (EGFP). It contains the codon optimization that enhances GFP expression in mammalian cells (2) , the S65T mutation that makes an exceptionally bright, stable mutant (10) , and the Phe 64 3 Leu 64 mutation that alleviates GFP's temperature sensitivity (14) . Proteins tagged with EGFP can be visualized in cells with low light intensities over many hours with little photobleaching (the photoinduced destruction of a fluorophore), permitting intracellular protein pathways (see movie S1) and organelle and cytoskeletal dynamics to be analyzed in unparalleled detail (15) . The increased stability and brightness of the EGFP also enable the intracellular fluorescent signal from chimeras to be correlated to standard GFP solutions, permitting the quantification of molecules visualized within cells (16, 17) .
Further developments of GFP provided variants with differing absorbance and emission spectra, allowing the simultaneous visualization of distinct GFP variants in a cell (Fig. 2, A 384 nm with emission at 448 nm (18) . Because its absorbance characteristics are readily distinguishable from EGFP, BFP was one of the first used in multicolor imaging (19, 20) and fluorescence resonance energy transfer (FRET) experiments [reviewed in (2, 3) ]. However, the blue variants are dim (13, 20) and tend to photobleach readily (21) ; therefore, alternative multicolor pairs were developed. Of these, the most popular are cyan fluorescent protein (CFP) (18) and the red-shifted yellow fluorescent protein (YFP) (22) . CFP has spectra intermediate between BFP and EGFP due to a Tyr 66 3 Trp 66 substitution (2, 18) (Fig. 2, A and B) . It is also brighter (20) and displays more photostability under imaging than BFP (21) . Its imaging partner, YFP, was rationally designed on the basis of the GFP crystal structure to red-shift the absorbance and emission spectra with respect to EGFP and other green fluorescent variants. Efficiently excited with the 514-nm line of an argon ion laser, YFP is much brighter than EGFP but is more sensitive to low pH and high halide concentrations.
The pairing of CFP-YFP has been instrumental in the study of protein-protein FRET experiments and in development of FRETbased fluorescent protein biosensors [reviewed in (3, 4) ]. Their use in the study of multiprotein trafficking has been equally important because they permit the simultaneous temporal and spatial behavior of different molecules to be analyzed [reviewed in (15) ].
Efforts to further red-shift A. victoria fluorescent protein spectra to produce further partners for multispectral experiments have had little success. Instead, discoveries from other marine organisms have extended available fluorescent proteins to the red wavelength range (23) . Of these, the DsRed (Fig. 2 , A and B) from Discosoma (24), DsRed mutants (25, 26) , and HcRed from Heteractis crispa (27) , each with emission peaks ranging from 579 to 645 nm, have provided the most suitable red markers (table S1). Still under improvement, the new red fluorescent proteins extend the spectrum of fluorescent tags, making multispectral imaging very feasible.
Kinetic Microscopy Using Fluorescent Protein Chimeras
New and updated fluorescence imaging methods have been essential to studies examining the localization and kinetic behavior of GFP-tagged proteins. Notable among these techniques are 4D microscopy, fluorescence recovery after photobleaching (FRAP), fluorescence loss in photobleaching (FLIP), and fluorescence correlation spectroscopy (FCS). In 4D microscopy, time-lapse observations of fluorescent molecules are collected as threedimensional data sets rather than as one image in a single focal plane (28) . The enormous amounts of collected data can be interpreted with computer-based visualization programs that allow quantification and discrimination of fluorescence signals (29 -31) . In this way, information from the entire cell can be analyzed to provide spatial and temporal information about changes in a protein's distribution as it relates to complex cellular processes over time (32) .
Although time-lapse imaging can provide information about the steady-state distribution of a protein over time, it does not reveal the kinetic properties of a molecule, for example, whether the protein is immobilized to a scaffold, free to diffuse, or undergoing constant exchange between compartments. To obtain such information, a selected pool of fluorescent proteins must be distinguished from other fluorescent proteins in the cell and monitored as the two pools reequilibrate. This can be accomplished with the use of FRAP, in which an area of the cell is photobleached with a high-intensity laser pulse and the movement of unbleached molecules from neighboring areas into the bleached area is recorded by time-lapse microscopy (1, (33) (34) (35) (Fig. 3A) . By making invisible a fraction of the fluorescently labeled molecules in this manner, FRAP alters the fluorescence steady state in a cell without disrupting protein pathways or creating protein gradients.
Quantitative studies with fluorescent protein chimeras using FRAP can provide an estimation of the effective diffusion coefficient (D eff ) and mobile fraction (M f ) of a protein (36 -38) . The D eff reflects the mean squared displacement that an idealized protein moves by random walk over time and is inversely proportional to the size of the protein. Because most proteins readily interact with other molecules in cells, the D eff of a protein measured using FRAP must be carefully interpreted (1, 34, 35) . For example, when the diffusion rate is significantly lower than what is predicted based on the protein's size, the protein could be incorporated into an aggregate or a large complex. Alternatively, the environment of a protein could be significantly more viscous than expected, or the protein could be interacting transiently with a fixed substrate. By contrast, if the mobility of a protein is faster than predicted, the protein might be showing directed transport by motor proteins or the viscosity of the environment might be decreased. The fraction of fluorescent proteins that can diffuse into a bleached region during the time course of a FRAP experiment, or M f , also reveals important information about a protein. For example, a decrease in M f indicates that the protein could be binding to fixed molecules, forming immobile aggregates, or that the protein is confined in a separate compartment. An increase in M f , on the other hand, indicates that the protein could be released from a fixed scaffold or exported out of a discontinuous compartment.
Two other fluorescence imaging techniques, FLIP and FCS, also provide information about a protein's kinetic properties. FLIP is performed by repeatedly photobleaching fluorescence in one area of the cell while collecting images of the entire cell (Fig. 3B ) (1) . By monitoring the fluorescence in the nonphotobleached regions, the mobility of a fluorescently tagged protein can readily be observed and the continuity of cellular environments determined (36, 38, 39) . In FCS, fluorescently labeled molecules diffusing in and out of a small defined focal volume (ϳ1 femtoliter) are measured over short periods of time (40) . The fluctuations in molecules moving through the focal volume can be analyzed to obtain a protein's diffusion coefficient, binding constants, and concentrations (41, 42) . FCS holds great promise for analyzing the dynamic properties of fluorescent protein chimeras in living cells.
Computational methods can be used to interpret a protein's D eff and M f obtained from FRAP, FLIP, and FCS experiments through the testing of simple models (34) . In this approach, a mathematical model is constructed that describes a protein's biophysical parameters, such as binding and release from a substrate, residency time in a compartment, turnover, and diffusional mobility. It is then tested with experi- (16, 43, 44) . Several modeling software packages are available for testing simple models of protein behavior to quickly evaluate hypotheses or to interpret experimental data, including SAAMII, Berkley Madonna, and MatLAB (34) . In addition, highly integrated software programs such as the Virtual Cell (45) allow the building of larger models to test the predicted behavior of more complex, nonlinear systems such as signaling networks.
Results from kinetic microscopy experiments using GFP fusion proteins and computational methods have revealed many important properties of cells unattainable by traditional in vitro biochemical methods. These include the dynamics of large macromolecular complexes in the cytoplasm (46) and nucleus (43, 47) ; the rate of exchange on and off membranes of cytoplasmic proteins (44, 48) ; the residency time and diffusion coefficients of proteins in different compartments (16, 36) ; and the characterization of the viscous properties of the cytoplasm, organelle lumens, and cell membranes (38, 39, 49) .
Destabilized GFP Variants and Photo-Modulatable Fluorescent Proteins
Measurement of protein turnover or analysis of the temporal expression pattern and behavior of proteins is difficult, if not impossible, with conventional GFP variants. This is because the GFP chimeras are continuously being synthesized, folded, and degraded within cells. At any particular time, therefore, proteins at different stages of their lifetime are being observed. One approach to characterize a protein's expression timing or lifetime is to use destabilized variants of GFP (50) . By creating a GFP that is rapidly turned over by proteolysis, younger protein chimeras can be distinguished from older chimeras that have lost their fluorescence due to GFP degradation. Of course, the rapid degradation problematically maintains a low fluorescence signal. A different approach is to use fluorescent proteins whose spectral properties change with time, such as the fluorescent timer protein (51) . This timer protein was generated by random mutagenesis of the red fluorescent protein drFP583 (24 ) to a variant that initially produces a green-emitting fluorophore similar to GFP but which over several hours converts to a fluorophore that emits in the red. The age of a protein tagged with the timer protein can be determined by the observed ratio of green to red fluorescence.
Another promising approach to studying protein lifetimes and turnover rates is the use of photoactivable fluorescent proteins. These proteins display little initial fluorescence under excitation at the imaging wavelength but increase their fluorescence after activation by irradiation at a different wavelength (Fig.  3C) . This results is the direct highlighting of distinct pools of molecules within the cell. Because only photoactivated molecules exhibit noticeable fluorescence, their lifetime and behavior can be studied independently of other newly synthesized proteins.
Early efforts (52) (53) (54) in the production of a photoactivatable fluorescent protein had relatively modest success (Յthreefold photoactivation). Recently, three molecules-PA-GFP (5), Kaede (6), and KFP1 (7)-have been shown to display Ն30-fold increases in fluorescence after photoactivation. PA-GFP was developed by improving on the wtGFP photoconversion from a neutral to anionic species (5) (5, 18, 55) decrease the initial absorbance at ϳ475 nm (compare Fig. 4 , A and C) while still permitting photoconversion (5) (Fig. 4, B and D) . The Thr (6), on the other hand, was identified from the stony coral Trachyphyllia geoffroyi. Irradiation of Kaede at ϳ400 nm results in a spectral shift from peaks at 508 nm (absorbance) and 518 nm (emission) to 572 nm and 582 nm, respectively. These shifts result in a striking ϳ2000-fold increase in Kaede's red-togreen fluorescence ratio. Lastly, improvements to asCP (asFP595) from the sea anemone, Anemonia sulcata, resulted in a mutant denoted KFP1 that displays ϳ30-fold increase in red fluorescence upon irradiation with green light (7) .
Although Kaede displays the largest contrast between pre-and postphotoactivation (2000-fold) and is therefore the best choice for marking single cells within a population, both it and KFP1 self-associate to form tetramers. This makes them problematic as fusion tags, unlike the A. victoria-derived PA-GFP whose self-association is weak (11) and which can be used as a reliable protein reporter (5). But, photoactivation of KFP1 with light of ϳ532 nm (7) is likely to be less harmful to cells than the near-ultraviolet light of ϳ400 nm required to photoactivate PA-GFP and Kaede (5, 6) .
In addition to their potential use as expression and degradation timers, PA-GFP, Kaede, and KFP1 can be used to complement other kinetic microscopy techniques for monitoring 
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on October 7, 2011 www.sciencemag.org protein behavior in living cells. The short time required for photoactivation (in some cases, Ͻ1 s) makes it potentially superior to photobleaching as a method for examining the diffusional mobility and compartmental residency time of proteins (Fig. 4E) (5) . Because only photoactivated proteins are fluorescent within the cell, studies of the turnover and degradative pathway of proteins can be readily studied. Photoactivatable proteins are also useful as expression markers to follow the behavior of subsets of cells within a larger population (6) or in cell lineage studies (7).
Looking to the Future
Continued efforts to engineer new fluorophores and reporter classes is important for expanding the uses of fluorescent probes in the investigation of complex cellular processes. Brighter and more red-shifted fluorescent proteins, for example, can provide additional tags for multispectral imaging and FRETbased methods and serve as probes for greater tissue penetration. Photoactivatable variants with different spectral properties are needed for simultaneous tracking of two or more types of photoactivated proteins. Fluorophores with increased brightness can help in studies tracking single molecules, whereas ones with more pH resistance will be useful for probing acidic cellular environments. The Ͼ25 fluorescent proteins isolated from different marine organisms (23) could help satisfy these needs once these proteins are further characterized and developed.
Advances in modern imaging systems are also important for keeping pace with these developments in fluorescent labeling. More sensitive and quicker camera systems, filter systems for optimally detecting different fluorophores, superior software for quantifying and discriminating fluorescent signals, and hardware for photobleaching and photoactivating geometrically defined spatial patterns are desirable. Recent advances in microscopy imaging techniques, including two photon (56 ), total internal reflection (57 ) , and stimulated emission depletion (58) , can provide additional ways to visualize and quantify molecules and events with high spatial and temporal resolution. Finally, understanding the complex protein interactions and dynamics generated from these methods will require the use of kinetic modeling and analysis tools. Table S1 References and Notes Movie S1
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Mitosis Through the Microscope: Advances in Seeing Inside Live Dividing Cells
Conly L. Rieder* and Alexey Khodjakov*
The most visually spectacular events in the life of a cell occur when it divides. This is especially true in higher eukaryotes, where the size and geometry of cells allow the division process to be followed through a microscope with considerable clarity. In these organisms, the membrane surrounding the nucleus breaks down after the replicated DNA has condensed to form discrete chromosomes. Several new structures are then assembled to separate the chromosomes and partition the cytoplasm into two separate cells.
The German anatomist Walther Flemming was one of the first to describe the cell division process (1). In 1882 he coined the term "mitosis" to characterize the formation of paired threads (Greek ϭ mitos) during division of the cell nucleus (Fig. 1) . These threads, which formed from a substance Flemming called chromatin, came to be known as the "chromosomes." The definition of mitosis has since been expanded to include "cytokinesis," the process by which the cell cytoplasm is partitioned at the end of nuclear division. Until the late 1940s, research on mitosis was primarily restricted to an examination of cells that had been preserved in a lifelike state by chemicals (i.e., fixed) and then colored with dyes to generate contrast between their different components (2) . These descriptions revealed that the division process is fundamentally the same in all somatic cells. In animals, mitosis is mediated by a bipolar, spindle-shaped apparatus that appears to be assembled in the cytoplasm from two radial arrays of fibers, known as "asters." These asters form in association with two separating "centrosomes" that define the spindle poles (Fig. 1, E and F) . Early studies also noted that each chromosome possesses two small organelles on its surface that are positioned back-to-back and on opposite sides of the chromosome. As the spindle forms, these "kinetochores" acquire fibers that attach them to one of the spindle poles, so that opposing sister kinetochores are attached to opposite poles (Fig.  1J) . Collectively, the spindle and its associated centrosomes, kinetochores, and chromosomes are referred to as the mitotic apparatus.
Flemming noted that the chromosomes, which are scattered throughout the cytoplasm after nuclear envelope breakdown (Fig. 1D) , are collected by the spindle and positioned on a plane halfway between the two poles (Fig.  1F ). After this "metaphase" alignment is completed, the two chromatids forming each chromosome disjoin, and each moves toward its respective pole in a process termed "anaphase" (Fig. 1, G and H) . Once the two groups of chromosomes reach their respective poles, they coalesce to form the new daughter nuclei, after which cytokinesis pinches the cytoplasm into two new cells (Fig. 1I) .
Considering that ϳ2.5 ϫ 10 8 cells are dividing in the human body at any given time (3), even if few errors occur, many genetically abnormal cells will be produced during the lifetime of an organism. Some of these will lose their ability to regulate the cell cycle, which is one of the attributes of cancer cells (4 ) . An important goal of cancer research is, therefore, to define the molecular mechanisms that form the spindle and generate the forces to move the chromosomes. A more recent focus is to understand how the cell regulates progression through the division process. Surprisingly, these problems are intimately linked because chromosome motion and progression through mitosis are both governed by the formation of kinetochore fibers.
As the description of a cellular event becomes more accurate, the corresponding molecular model(s) become more meaningful. Because mitosis involves many concurrent visible events, advances in understanding the mechanisms involved are historically linked to technological advances in light microscopy. What follows is a brief and roughly chronological review of these advances, with selected examples of how they have progressively refined our understanding of mitosis in higher animal cells (5) .
Observing the Behavior of the Spindle and Chromosomes in Living Cells
The development of cell culture methods in the 1920s set the stage for studies on how living vertebrate cells divide. Early observations were hampered, however, because cellular components are not naturally contrasted when viewed with traditional bright-field optics (Fig. 2A) . This situation changed radically in the mid 1950s
